Intestinal Dysbiosis and Depletion of
Butyrogenic Bacteria in Clostridium difficile
Infection and Nosocomial Diarrhea
Vijay C. Antharam, Eric C. Li, Arif Ishmael, Anuj Sharma,
Volker Mai, Kenneth H. Rand and Gary P. Wang
J. Clin. Microbiol. 2013, 51(9):2884. DOI:
10.1128/JCM.00845-13.
Published Ahead of Print 26 June 2013.

These include:
SUPPLEMENTAL MATERIAL
REFERENCES

CONTENT ALERTS

Supplemental material
This article cites 43 articles, 20 of which can be accessed free
at: http://jcm.asm.org/content/51/9/2884#ref-list-1
Receive: RSS Feeds, eTOCs, free email alerts (when new
articles cite this article), more»

Information about commercial reprint orders: http://journals.asm.org/site/misc/reprints.xhtml
To subscribe to to another ASM Journal go to: http://journals.asm.org/site/subscriptions/

Downloaded from http://jcm.asm.org/ on December 5, 2013 by Univ of Florida

Updated information and services can be found at:
http://jcm.asm.org/content/51/9/2884

Intestinal Dysbiosis and Depletion of Butyrogenic Bacteria in
Clostridium difficile Infection and Nosocomial Diarrhea
Vijay C. Antharam,a Eric C. Li,a Arif Ishmael,b Anuj Sharma,b Volker Mai,c Kenneth H. Rand,a,d Gary P. Wanga
College of Medicine, Department of Medicine, Division of Infectious Diseases, University of Florida, Gainesville, Florida, USAa; College of Medicine, Department of
Medicine, University of Florida, Gainesville, Florida, USAb; Emerging Pathogens Institute, University of Florida, Gainesville, Florida, USAc; College of Medicine, Department
of Pathology, Immunology, and Laboratory Medicine, University of Florida, Gainesville, Florida, USAd

N

osocomial diarrhea is a common complication in hospitalized patients. Clostridium difficile is the most common infectious cause of nosocomial diarrhea, representing 15 to 25% of
antibiotic-associated diarrhea and most cases of colitis associated
with antibiotic use. The mortality rate for Clostridium difficile infection (CDI) is estimated to be 1 to 2.5%, contributing to 14,000
deaths per year in the United States (1–3). Antibiotic-induced
perturbation of the gut microbiota is widely believed to provide C.
difficile an undesirable advantage, allowing the organism to proliferate and elaborate its toxins in the background of susceptible
flora. Although standard antibiotic therapy (e.g., metronidazole
or oral vancomycin treatment) is highly effective in suppressing C.
difficile, it does not prevent relapse. Indeed, 15 to 30% of patients
experience relapse within 3 months following antibiotic treatment. Multiple recurrences of CDI are not uncommon (4–6). Fecal microbiota transplantation (FMT) is known to cure ⬎80 to
90% of recurrent C. difficile infections (7–11). Following FMT, the
gut microbiota of the recipient resembles that of the donor (12).
These observations indicate that the donor’s bacteria are capable
of restoring the structure and function of the recipient’s gut microbial communities. The high efficacy rate of FMT provides
proof of the principle that the gut microbiota confers resistance
against C. difficile colonization. More importantly, it offers the
promise that identification of key microbial factors important for
colonization resistance could lead to novel probiotic therapy.
Some 100 trillion microorganisms inhabit and colonize the
human gut (13, 14). Early studies indicated that randomly selected
bacterial isolates from the gut flora were partially effective in suppressing C. difficile. A few species, including Lactobacillus, Enterococcus, Bifidobacterium, and Bacteroides species, have been shown
to have inhibitory activities against C. difficile (15, 16). A number
of recent studies have investigated the gut microbiota associated
with CDI by using culture-based methods, 16S rRNA microarrays,
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and 16S clonal sequencing (17–19). In most studies, decreases in
microbial diversity and richness and/or altered microbial compositions were observed. Interestingly, in 20 patients with asymptomatic C. difficile carriage, the gut microbial profile closely resembled that of healthy adults (19), suggesting that the normal gut
microbiota may protect hosts from developing C. difficile infection. Two recent studies provided additional evidence that resistance against C. difficile colonization could be engineered in mice
using a single Lachnospiraceae isolate or a defined cocktail of six
murine gut isolates (20, 21). Taken together, the data on fecal
transplantation in clinical settings and experimental studies in
animals suggest that it may be possible to manipulate the gut microbiota using defined human gut isolates as probiotics to treat
and/or to prevent CDI.
Thanks to the Human Microbiome Project (22), our knowledge of the gut microbiome in health and disease has increased
rapidly in recent years. The microbial factors required for resistance against C. difficile and other enteric pathogens, however,
remain elusive. The primary goal of the present study was to identify candidate commensal organisms that may be exploited for C.
difficile therapy. We examined 549,643 partial prokaryotic 16S
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Clostridium difficile infection (CDI) causes nearly half a million cases of diarrhea and colitis in the United States each year. Although the importance of the gut microbiota in C. difficile pathogenesis is well recognized, components of the human gut flora
critical for colonization resistance are not known. Culture-independent high-density Roche 454 pyrosequencing was used to
survey the distal gut microbiota for 39 individuals with CDI, 36 subjects with C. difficile-negative nosocomial diarrhea (CDN),
and 40 healthy control subjects. A total of 526,071 partial 16S rRNA sequence reads of the V1 to V3 regions were aligned with 16S
databases, identifying 3,531 bacterial phylotypes from 115 fecal samples. Genomic analysis revealed significant alterations of
organism lineages in both the CDI and CDN groups, which were accompanied by marked decreases in microbial diversity and
species richness driven primarily by a paucity of phylotypes within the Firmicutes phylum. Normally abundant gut commensal
organisms, including the Ruminococcaceae and Lachnospiraceae families and butyrate-producing C2 to C4 anaerobic fermenters, were significantly depleted in the CDI and CDN groups. These data demonstrate associations between the depletion of Ruminococcaceae, Lachnospiraceae, and butyrogenic bacteria in the gut microbiota and nosocomial diarrhea, including C. difficile
infection. Mechanistic studies focusing on the functional roles of these organisms in diarrheal diseases and resistance against C.
difficile colonization are warranted.

C. difﬁcile-Associated Gut Microbiota

MATERIALS AND METHODS
Subjects and sample collection. The University of Florida institutional
review board reviewed and approved the study design. Stool samples submitted to the clinical microbiology laboratory at Shands Hospital at the
University of Florida for C. difficile microbiological testing were stored at
4°C and archived at ⫺80°C, within 24 h after sample collection, for fecal
microbiome analysis. Recent studies showed that storage of fecal samples
at 4°C for up to 48 h had little effect on the microbiome composition (23).
CDI was defined as the presence of diarrhea (a change in bowel habits with
more than three unformed bowel movements in a 24-h period before
sample collection) with the presence of C. difficile toxin in the stool specimen. C. difficile-negative nosocomial diarrhea (CDN) was defined as the
presence of diarrhea (using the same criteria as for CDI) with the absence
of C. difficile toxin in the stool specimen. Control fecal samples were
collected from healthy individuals as outpatients, stored at 4°C for up to 4
h, and then archived at ⫺80°C until microbiome analysis. Clinical microbiological testing for C. difficile was performed using the C. Diff Quik
Chek Complete test (Techlab, Blacksburg, VA) or a GeneXpert multiplex
PCR assay for detection of the toxin B gene (Cepheid, Sunnyvale, CA), as
the platform for C. difficile testing in the clinical microbiology laboratory
was converted to the more-sensitive PCR-based assay during the study.
The presence of the toxin B gene (tcdB) was confirmed in all samples in the
CDI group using the toxin B-specific PCR assay and in-house primers, as
described in the supplemental material. Very weak amplification products
also were observed in samples from seven subjects in the CDN group and
one healthy control subject.
DNA extraction, bacterial 16S rRNA gene amplification, and sequence analysis. Frozen fecal specimens were thawed, and genomic DNA
was extracted using a MO-BIO PowerSoil DNA isolation kit (Carlsbad,
CA). The V1 to V3 hypervariable regions of bacterial 16S rRNA gene
segments were amplified in 4 replicates using broad-range rRNA PCR
primers 27F and 534R, and the PCR products were pooled. The reverse
primer (534R) included a barcode sequence unique to each sample, allowing PCR amplicons to be multiplexed and sequenced simultaneously. The
amplicons were gel-purified, pooled, and subjected to pyrosequencing
using Titanium chemistry on the Roche 454 GS-FLX platform. Pyrosequencing reads were filtered, trimmed, and aligned with the Silva nonredundant 16S reference database, release 108 (http://www.arb-silva.de)
(24). Using a robust sequence analysis pipeline similar to the approach
employed by Huse et al. (25), reads were assigned taxonomic classifications using USEARCH (http://www.drive5.com) and were dereplicated to
unique reference sequence-based operational taxonomic units (refOTUs)
using UCLUST (http://www.drive5.com). Detailed methods are described in the supplemental material.
Statistical methods. Weighted and unweighted UniFrac analyses (26)
were used to measure ␤-diversity between microbial communities, and
results were plotted using principal coordinate analysis. Comparisons be-
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TABLE 1 Demographic and baseline clinical characteristics of samples
used in this study
Characteristics

HC
(n ⫽ 40)a

CDI
(n ⫽ 39)

CDN
(n ⫽ 36)

Age (yr [mean ⫾ SD])b
Female (n [%])
Caucasian (n [%])b
Previous episode of CDI (n [%])

60.9 ⫾ 9.1
28 (70)
27 (68)
0

54.7 ⫾ 20.1
16 (41)
28 (72)
9 (23.1)

54.6 ⫾ 20.0
19 (53)
24 (67)
5 (13.9)

Disease severity (n [%])c
Mild or moderate
Severe
Severe-complicated

NA
NA
NA

27 (69.2)
8 (20.5)
4 (10.3)

31 (86.1)
5 (13.9)
0

NA

11.9 ⫾ 7.6

8.7 ⫾ 5.4

9 (22.5)

34 (87.2)

21 (58.3)

0

17 (43.6)

15 (41.7)

NA

5 (12.8)

NA

White blood cell count (mean ⫾
SD]) (cells/l)d
Received antibiotics within 3 mo
(n [%])
Concomitant systemic antibiotic
therapy
(n [%])
Treatment for CDI in previous
24 h (n [%])
a

HC, healthy control; CDI, C. difficile infection; CDN, C. difficile negative nosocomial
diarrhea; NA, not applicable or data not available.
b
There were no significant between-group differences.
c
Disease severity was defined according to reference 43; mild or moderate, white blood
cell count of ⬍15,000 cells/l and serum creatinine level ⬍1.5 times the premorbid
level; severe, white blood cell count of ⱖ15,000 cells/l or serum creatinine level ⱖ1.5
times the premorbid level; severe-complicated, hypotension or shock, ileus, or
megacolon.
d
P ⫽ 0.47, CDI group versus CDN group.

tween phylogenetic taxa were performed using unpaired t tests (GraphPad, La Jolla, CA) and Minitab (version 15), at ␣ ⬍ 0.05. Heat maps were
generated using R and Matrix2png (27). Linear discriminant analysis coupled with effect size measurements (LEfSe) (28) was used to identify bacterial taxa that were differentially abundant or depleted between sample
groups.
Nucleotide sequence accession number. All sequence data sets have
been deposited in the NCBI Sequence Read Archive (SRA), under accession no. SRA058490.

RESULTS

Samples and acquisition of 16S sequence data. We sampled gut
microbial communities from 39 subjects with C. difficile infection
(CDI group), 36 subjects with C. difficile-negative nosocomial diarrhea (CDN group), and 40 healthy control subjects (HC group)
(Table 1). Of the 39 samples in the CDI group, 9 (23.1%) were
from subjects with recurrent episodes. Five subjects (13.9%) in the
CDN group had a history of CDI. Most subjects in the CDI and
CDN groups (69.2% and 86.1%, respectively) had mild to moderate disease. A total of 87.2% of subjects in the CDI group had
received antimicrobials within 3 months prior to sampling, compared with 58.3% and 22.5% of subjects in the CDN and HC
groups, respectively. Similar proportions of subjects in the CDI
and CDN groups (43.6% and 41.7%, respectively) received concomitant systemic antimicrobial therapy. Five subjects (12.8%) in
the CDI group received antibiotic treatment for CDI (metronidazole or oral vancomycin treatment) prior to fecal sampling. After
trimming and quality control, a total of 526,071 partial high-quality 16S rRNA sequence reads of the V1 to V3 regions were available
for analysis (⬃4,575 ⫾ 1,616 reads per sample, with an average
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rRNA gene sequences from stool specimens from subjects with
CDI, subjects with C. difficile-negative nosocomial diarrhea
(CDN), and healthy control (HC) subjects, identifying 3,531 bacterial phylotypes from 115 fecal specimens. Our 16S microbiome
analysis revealed significant alterations in microbial community
structures associated with CDI and CDN, accompanied by markedly decreased microbial diversity and fewer bacterial phylotypes,
compared with healthy controls. Several essential types of bacteria
that produce butyrate and short-chain fatty acids (SCFAs), all of
which are members of Clostridium clusters IV and XIVa in the
Ruminococcaceae or Lachnospiraceae family, were absent or markedly depleted in CDI and CDN. The SCFA-producing bacteria
were classified in silico from examinations of the genera determined from the deep-sequencing data sets. These results implicate
Ruminococcaceae, Lachnospiraceae, and butyrogenic bacteria in
the pathogenesis of nosocomial diarrhea and C. difficile infection.

Antharam et al.

amplicon length of ⬃492 nucleotides) (see Table S1 in the supplemental material).
Microbial diversity and species richness of the gut microbiota in CDI and CDN. We identified a total of 3,531 refOTUs from
115 fecal samples, which belonged to 150 different genera in 15
different phyla. A total of 2,986 (84.6%) of the 3,531 refOTUs
identified were found in healthy controls. In contrast, only 1,392
(39.4%) and 1,582 (44.8%) refOTUs were detected in the CDI and
CDN groups, respectively. Among the most abundant refOTUs
(defined as ⬎0.1% of all pyrosequencing reads), 124 were shared
in more than one-half of the healthy control samples but only 9
were detected in at least one-half of the samples in the CDI group.
Species richness was significantly lower in the CDI and CDN
groups than in the healthy control group, and both the microbial
diversity (as determined by the Shannon diversity index) and the
species evenness were markedly reduced (Fig. 1). Interestingly,
microbial richness and diversity did not differ significantly between the CDI and CDN groups (P ⬎ 0.05).
For the CDI group, when samples were stratified by disease
severity, no differences in microbial diversity, species richness, or
composition were observed (see Fig. S1 and S2 in the supplemental material). A comparison of initial versus recurrent disease revealed a trend toward lower species richness in recurrent disease;
however, no significant difference in gut microbial diversity was
observed (see Fig. S3 in the supplemental material). Furthermore,
concomitant antibiotic exposure did not significantly alter microbial diversity, species richness, or the aggregate microbial composition (see Fig. S4 in the supplemental material). Thus, these data
demonstrated that many normally abundant phylotypes were depleted in nosocomial diarrhea and CDI and suggest that factors
other than the gut microbiota may modulate disease severity during CDI.
For the CDN group, when samples were stratified by antibiotic-associated versus non-antibiotic-associated diarrhea, no significant differences in microbial diversity or composition were observed (see Fig. S5 in the supplemental material). Furthermore,
gut microbial communities were not significantly different in subjects who received concomitant antibiotic therapy versus those
who did not (see Fig. S4 in the supplemental material).
Intestinal dysbiosis in CDI and CDN. To characterize the
global changes in microbial community structures, we applied the
UniFrac method (26) to analyze the phylogenetic relatedness of
pyrosequencing reads from all samples. In both weighted and un-
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weighted UniFrac analyses, gut microbial communities associated
with CDI and CDN clustered separately from those in healthy
controls (Fig. 2A). Calculation of UniFrac distances within and
between groups revealed that microbial communities within the
CDI group were more similar to one another than to microbial
communities in healthy subjects (Fig. 2B). The average UniFrac
distance between pairs of samples in the CDI group was significantly greater than that between pairs of samples in the healthy
control group (Fig. 2B), indicating greater heterogeneity in gut
microbial communities associated with CDI. A similar trend was
observed for the CDN group, compared with healthy controls. No
appreciable differences in community structures or memberships
were observed between the CDI and CDN groups. Thus, these

FIG 2 Comparison of microbial community compositions, revealing an altered gut microbiota in CDI. (A) Unweighted UniFrac analysis was used to
generate distances between C. difficile-positive fecal samples (CDI), C. difficilenegative diarrheal samples (CDN), and healthy control samples (HC). Scatterplots were then generated using principal coordinate analysis. The percentage
of variation explained by each principal coordinate (PC) is indicated on the
axes. Each point represents a microbial community. The difference between
communities in the CDI and HC groups was significant (P ⬍ 0.001, t test with
permutation). (B) Average UniFrac distance between pairs of samples within
each group, indicating greater heterogeneity in gut microbial communities in
the CDI and CDN groups than in the healthy control group. Error bars, standard error of the mean.
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FIG 1 Decreased microbial diversity, evenness, and species richness in the gut microbiota associated with C. difficile infection and C. difficile-negative nosocomial
diarrhea, shown distributed in box plot form. (Left) The Shannon diversity index was used to estimate microbial diversity for each group. (Middle) The species
evenness index was calculated using the formula J= ⫽ H=/H=max, where H= is the Shannon diversity index and H=max is the maximal value of H= (i.e., ln S, where
S is the total number of species in the community). (Right) Species richness was defined as the number of refOTUs identified in each sample. All three indices were
significantly lower in the CDI and CDN groups than in the healthy control group (Student’s t test). No significant difference was observed between the CDI group
and the CDN group. Each dot represents an individual fecal sample. P values are shown above the bars for each group comparison.

C. difﬁcile-Associated Gut Microbiota

The mean proportions of Firmicutes sequences were smaller in the CDI and
CDN groups (P ⫽ 5.70 ⫻ 10⫺7 and P ⫽ 1.08 ⫻ 10⫺8, respectively; Student’s t
test) than in the HC group. (B) The mean numbers of Firmicutes phylotypes
(refOTUs) were lower in the CDI and CDN groups (P ⫽ 8.81 ⫻ 10⫺19 and P ⫽
7.16 ⫻ 10⫺16, respectively; Student’s t test) than in the HC group.

data suggest that disease state (i.e., diarrheal state versus health) or
antibiotic treatment (either prior or concomitant) accounted for
the greatest amounts of variation among all samples, although
interindividual differences in the gut microbiota also contributed
to variability in the data.
Paucity of Firmicutes sequences in the aggregate gut microbiota associated with CDI and CDN. The Firmicutes phylum includes the most numerous and diverse bacterial species in the
human gut. In healthy controls, Firmicutes sequences were dominant at 74.9% of all reads (averaging ⬃322 phylotypes per subject) (Fig. 3). Only 21.5% of all reads were assigned to the Bacteroidetes phylum, with ⬃37 phylotypes per subject. The abundance
of Firmicutes sequences was substantially lower in the CDI and
CDN groups (43.2% and 32.9%, respectively). This depletion of
Firmicutes sequences was accompanied by marked decreases in
bacterial phylotypes (CDI, 75 phylotypes; CDN, 86 phylotypes;
HC, 322 phylotypes) (Fig. 3).
At the family level, Lachnospiraceae (45.8%), Ruminococcaceae
(17.4%), and Bacteroidaceae (16.1%) sequences dominated the
healthy fecal microbiota, and sequences from other families constituted ⬍3% of all pyrosequencing reads (Fig. 4A). Lachnospiraceae and Ruminococcaceae sequences were significantly underrepresented in the CDI and CDN groups (Lachnospiraceae:
CDI, 11.2%; CDN, 12.3%; HC, 45.8%; Ruminococcaceae: CDI,
3.0%; CDN, 2.8%; HC, 17.4%) (see Fig. S6 in the supplemental
material). Several genera were enriched in association with CDI.
For example, Veillonella (CDI, 4.5%; HC, 0.6%), Enterococcus
(CDI, 7.1%; HC, 0.05%), and Lactobacillus (CD, 3.7%; HC, 0.4%)
sequences were unusually abundant. Enterococcus and Lactobacillus are both lactic acid bacteria from the order Lactobacillales.
Enterococcus sequences were found in 84.6% of the CDI samples,
compared with only 22.5% of the samples from healthy controls.
Sequences from the Gammaproteobacteria class, which includes
many clinically important Gram-negative pathogens, also were
enriched. Interestingly, Desulfovibrionaceae sequences from the
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FIG 4 (A) Proportions of bacterial taxa in each sample, as inferred from 16S
rRNA gene sequence data. Each column corresponds to an individual fecal
sample. Each row corresponds to a specific bacterial phylotype or refOTU, arrayed
based on phylogenetic relationships. Only the most prominent refOTUs (⬎0.1%
abundance) are included in this heatmap. The relative abundance of each
phylotype is represented by the color code. Members of the Lachnospiraceae
and Ruminococcaceae families are shaded in gray. The Bacteroidetes phylum is
shown in light red, and the Proteobacteria phylum in yellow. (B) Proportions of
bacterial taxa within Clostridium clusters. Each column represents an individual fecal sample. Each row corresponds to a refOTU assigned to one of the 19
Clostridium clusters. Members of Clostridium clusters XIVa and IV are shaded
in gray.

Deltaproteobacteria class, which includes a large number of sulfate-reducing, anaerobic, Gram-negative bacteria, were depleted
in CDI. Interindividual variations in the proportions of major
phyla among samples were observed in all three groups, as in
previous studies (29) (see Fig. S7 in the supplemental material).
These results indicate that decreases in gut microbial diversity and
richness in CDI and CDN are driven primarily by the loss of phylotypes within the Lachnospiraceae and Ruminococcaceae families.
Depletion of butyrate-producing bacteria in CDI and CDN.
The vast majority of Firmicutes sequences (68.4%) were assigned
to the Clostridia class. The Clostridia class has been divided into 19
clusters on the basis of growth, metabolic, and morphological parameters (30) and includes members of the Lachnospiraceae and
Ruminococcaceae families that were significantly depleted in CDI.
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FIG 3 Paucity of Firmicutes sequences and phylotypes in CDI and CDN. (A)

Antharam et al.
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FIG 5 Bacteria genera most depleted or enriched in CDI and CDN. (A) Genera most differentially depleted (most of which are butyric acid-producing
anaerobic bacteria) or enriched in the C. difficile-associated microbiota versus
healthy control microbiota, as identified by linear discriminant analysis (LDA)
coupled with effect size measurements. Bacterial taxa depleted in CDI are
indicated with positive LDA scores (green), and taxa enriched in CDI are
indicated with negative scores (red). Only taxa that met the significant LDA
threshold of 3.6 are shown. The same genera were also depleted in CDN (data
not shown). (B) Interindividual variations in the relative abundance of selected genera. The overall abundance (sequence reads, y axis) of the 10 most
differentially depleted genera (indicated in the key) was significantly lower in
the CDI and CDN groups than in the HC group (P ⫽ 4.0 ⫻ 10⫺21 and P ⫽
9.3 ⫻ 10⫺20, respectively; Student’s t test). Each bar corresponds to an individual sample.

replaced by Bacteroides spp. (CDI, 29.5%; CDN, 45.7%; HC,
16.1%), which produce the SCFAs succinate, lactate, and formate
(C2 to C4) besides acetate. Lactobacillus spp. and Enterococcus
spp., both primary lactic acid producers, were more prevalent and
more abundant in the CDI and CDN groups than in the HC group
(Fig. 6D).
DISCUSSION

A complex community of microorganisms inhabiting the gut
plays important roles in human health and disease, including digestion, metabolism, immune system development, and resistance to infection. The mammalian gut is a primary site of exposure to invading pathogens. The importance of the indigenous
microbiota in resistance to pathogens is well exemplified by Clostridium difficile infection, which is one of the most common
causes of gastroenteritis-associated deaths in the United States.
Although the gut microbiota is believed to protect the gut against
CDI, specific components that confer colonization resistance are
not known. Consistent with previous studies (17, 19, 20, 32), our
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To identify specific Clostridium clusters that were most depleted in
CDI and CDN, we used an association table of full-length sequences from species previously assigned to Clostridium clusters
(29, 31) and assigned 17.8% of all reads to 19 Clostridium clusters
(Fig. 4B). Smaller proportions of reads were assigned for the CDI
(16.4%) and CDN (10.0%) groups than for the healthy control
group (25.0%). Strikingly, members of Clostridium cluster XIVa
(the Eubacterium rectale-Clostridium coccoides group) and to a
lesser extent cluster IV (the Clostridium leptum group) were significantly depleted in the CDI and CDN groups, compared with
the HC group (cluster XIVa: CDI, 5.5%; CDN, 6.6%; HC, 18.4%;
cluster IV: CDI, 0.47%; CDN, 0.40%; HC, 2.95%). As Clostridium
clusters IV and XIVa contain a large number of commensal organisms, including butyrate-producing anaerobic bacteria important for the metabolism and development of colonic epithelial
cells, these data suggest a potential role for butyrate-producing
organisms in nosocomial diarrhea and CDI.
Next, we used LEfSe (28) to determine specific bacteria taxa
that were differentially abundant. We identified Blautia, Pseudobutyrivibrio, Roseburia, Faecalibacterium, Anaerostipes, Subdoligranulum, Ruminococcus, Streptococcus, Dorea, and Coprococcus as
the most differentially depleted genera associated with CDI (Fig.
5A). The same 10 genera also were identified as the most differentially depleted genera in CDN. Many of these genera harbor butyrate producers belonging to Clostridium cluster IV or XIVa. The
overall abundance of these 10 genera combined was significantly
lower in the CDI and CDN groups than in the control group (CDI,
5.4%; CDN, 4.9%; HC, 37.2%), although there were interindividual variations in the relative abundance of each genus (Fig. 5B).
Of the 3,531 total refOTUs identified in our data set, 119 refOTUs
were significantly depleted in CDI; 74 refOTUs were members of
the 10 most depleted genera, and 39 refOTUs were uncultured
bacteria of the Lachnospiraceae or Ruminococcaceae family. When
the CDI data set was compared with CDN data, Clostridium difficile was the most differentially enriched species associated with
CDI.
Since butyrate producers supply energy to gut epithelial cells
and are thought to protect against colitis, we asked whether the
proportions of 16S reads assigned to genera known to produce
butyrate as their main fermentation product differed among
groups. The relative abundance of butyrate-producing bacteria
was significantly lower in the CDI and CDN groups (CDI, 6.3%;
CDN, 3.1%; HC, 17.2%) (Fig. 6A). The major butyrate producers
depleted included Roseburia (CDI, 0.17%; CDN, 0.45%; HC,
3.4%), Faecalibacterium (CDI, 0.37%; CDN, 0.83%; HC, 3.2%),
Subdoligranulum (CDI, 0.18%; CDN, 0.094%; HC, 2.0%), Anaerostipes (CDI, 0.2%; CDN, 0.016%; HC, 3.1%), and Pseudobutyrivibrio (CDI, 0.065%; CDN, 0.44%; HC, 3.3%) (Fig. 6B). Fusobacterium spp. were the dominant butyrate producers in the
aggregate gut microbiota of subjects with CDI (CDI, 4.1%; HC,
0.03%; P ⫽ 0.099), but this was driven by the dominance of Fusobacterium in the gut microbiota of four subjects (see Fig. S8 in the
supplemental material).
Anaerobic gut bacteria produce a variety of fermentation
products, including acetate, lactate, and other short-chain fatty
acids (SCFAs), in addition to butyrate. A comparison of major
acetogens (Fig. 6C) revealed that the genera Blautia (CDI, 2.1%;
CDN, 1.6%; HC, 14.4%) and Dorea (CDI, 0.12%; CDN, 0.10%;
HC, 1.5%) were significantly depleted in the CDI and CDN
groups, compared with the control group. These acetogens were

C. difﬁcile-Associated Gut Microbiota

16S genomic analysis demonstrated a profound alteration of the
gut microbiota, or dysbiosis, which was characterized by markedly
decreased biodiversity and species richness. Importantly, several
types of normally abundant butyrate-producing anaerobic bacteria in the Ruminococcaceae and Lachnospiraceae families were significantly depleted in CDI. Interestingly, the microbial community structure in the aggregate gut microbiota in CDI was similar
to that in C. difficile-negative nosocomial diarrhea (CDN).
Several studies have investigated the changes in the gut microbiota in C. difficile-associated disease. Using culture-based methods, Hopkins and colleagues reported a decrease in species diversity (33) and reduced numbers of Bacteroides, Prevotella, and
Bifidobacteria in 4 subjects with CDI (18). The fecal samples in
that study were obtained following metronidazole therapy, which
might have confounded the microbial profile. Using 16S rRNA
clonal sequencing, markedly decreased species richness and diversity were observed in fecal samples from 3 subjects with recurrent
CDI, compared with 4 subjects with initial CDI and 3 uninfected
control subjects (17), supporting a role for the gut microbiota in
C. difficile-associated disease. Manges et al. compared the intestinal microbiota of 25 subjects who developed CDI during hospitalization with that of 50 matched control subjects using a 16S
rRNA microarray (34). After adjustment for antibiotic use, only
small numbers of organisms within the Bacteroidetes and Firmicutes phyla were associated with the subsequent development of
CDI during hospitalization. Interestingly, no reduction in the diversity of the gut microbiota was observed in CDI, compared with
controls. Their findings may be explained by the fact that the fecal
samples were collected early in the hospital course (within 72 h
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after admission) and changes in the composition of the gut microbiota due to antibiotic exposure may have occurred following
sample collection and contributed to subsequent C. difficile colonization and disease. Indeed, antibiotic exposure during hospitalization was strongly associated with the risk of subsequent CDI in
this study. Ecological succession of gut microbial communities
following antibiotic treatment and exposure to C. difficile also has
been reported in animal models (35).
As proof of the principle of using selected gut microbes in
microbiota transplantation, Lawley et al. demonstrated that a defined mixture of six phylogenetically diverse bacteria was capable
of inducing major shifts in the gut microbial composition and
resolving C. difficile disease in a mouse model of CDI (20). In
another study, Reeves et al. (21) showed that a single component
of the murine gut microbiota, a member of the Lachnospiraceae
family, could restore colonization resistance against CDI in germfree mice. Members of the human gut microbiota and the murine
gut microbiota, however, are phylogenetically distinct. Humanassociated gut bacteria that can confer resistance against C. difficile
colonization have not yet been identified. This study presents an
in-depth analysis of the human gut microbiome associated with C.
difficile infection, with a goal of identifying candidate humanassociated bacteria that can be investigated in future studies or
potentially exploited for novel probiotic therapy.
In this study, the microbial communities in CDI and CDN
clustered separately from those of healthy individuals. This distinct clustering between healthy individuals and individuals with
nosocomial diarrhea suggests that depletion of gut commensal
organisms that normally live in symbiosis with the host could lead
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FIG 6 Acetate, butyrate, and lactate fermenters in the gut microbiota. (A) Relative proportions of acetate, butyrate, and lactate fermenters in the gut microbiota
in the CDI (red), CDN (yellow), and HC (green) cohorts pyrosequenced. Sequence reads were classified at the genus level according to the primary metabolic end
product of carbohydrate fermentation, and results were compared using Student’s t test. Genera that were ambiguously defined as producing both acetate and
butyrate or other short-chain fatty acids, such as succinate, propionate, formate, or ethanol, comprising minor constituents of the gut microbiota (⬍1% of
sequence reads), were excluded in this analysis. Error bars, standard error of the mean. ⴱ, P ⬍ 0.05; ⴱⴱ, P ⬍ 0.01; ⴱⴱⴱ, P ⬍ 0.001. CDI, C. difficile infection; CDN,
C. difficile-negative nosocomial diarrhea; HC, healthy control; NS, not significant. (B) Relative proportions of major butyrate-producing bacteria. (C) Relative
proportions of major acetogens by genera. (D) Relative proportions of primary lactic acid-producing organisms.
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Early studies investigating the role of SCFAs in colonization
resistance have yielded mixed results. According to Rolfe (38),
butyric acid was the only SCFA in the cecum of conventional
hamsters that reached a concentration high enough to inhibit C.
difficile growth in vitro. Using this model, the study showed a
direct correlation between the inhibitory concentrations of SCFAs
and the susceptibility of hamsters to C. difficile colonization, thus
suggesting a role for SCFAs in resistance against C. difficile colonization. However, Su et al. subsequently introduced SCFAs directly into the colons of gnotobiotic mice (by gastric gavage, direct
injection into the ceca, and use of Clostridium butyricum to allow
butyric acid production in situ) and found that SCFAs alone could
not inhibit the growth of C. difficile in vivo (39). Using an in vitro
model of resistance to C. difficile colonization, Borriello and Barclay also failed to find a correlation between the SCFA profiles of
fecal emulsions and their inhibitory activities against C. difficile
(40). In a more-recent study, intestinal dysbiosis induced by the
epidemic C. difficile strain 027/BI in mice was associated with an
altered SCFA profile characterized by marked reductions in butyrate and acetate levels (20). Thus, it remains unclear whether
butyric acid or other antimicrobial compounds that remain to be
identified are the key molecules in resistance to colonization by C.
difficile. However, viable bacteria are likely the most important
components of colonization resistance in the gastrointestinal tract
(40). While the specific bacteria responsible for colonization resistance in humans remain unknown, our study suggests that depletion of butyrate-producing bacteria in clusters IV and XIVa
may render the host susceptible to C. difficile infection, and replenishment of these bacteria in the gut may be of therapeutic
benefit in nosocomial diarrhea, including CDI. Consistent with
this hypothesis, after antibiotic pretreatment of mice followed by
C. difficile challenge, the gut microbiota of clinically well animals
was dominated by Firmicutes, whereas Proteobacteria predominated in clinically ill animals (41).
This study has several limitations. First, the samples for the
CDI and CDN groups were one-time fecal specimens collected at
the time of diarrhea for clinical microbiological testing. Although
microbiome examinations of the gut microbiota just prior to C.
difficile acquisition or disease onset would be ideal, such fecal
specimens are difficult to obtain from human subjects. The depletion of butyrogenic bacteria at the time of disease onset could be
the result, rather than the cause, of gut inflammation. Thus, the
causal relationship should be assessed mechanistically using animal models of C. difficile infection and challenge. Nonetheless, the
present study identifies a list of candidate organisms at the family
and genus levels that could serve as the basis for selecting specific
microbes for future functional and colonization resistance studies
using human microbiota-associated animal models.
Second, some subjects in the CDN group had diarrheal symptoms that could have been attributed to C. difficile-associated disease. Subjects with diarrhea were included in the CDI or CDN
group according to the results of clinical C. difficile tests (either the
C. Diff Quik Chek Complete test or a GeneXpert multiplex PCR
assay, as the clinical platform was changed during the course of the
study). To explore the possibility of false-negative clinical test results and/or C. difficile colonization, we performed additional inhouse toxin B gene PCR assays for all samples. For seven subjects
in the CDN group and one healthy control subject, very weak
toxin B amplification products were observed. In contrast, all
samples for the CDI group showed strong amplification products.
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to colonic dysfunction and diarrhea. Members of the Lachnospiraceae and Ruminococcaceae families, which include butyrogenic bacteria, were significantly depleted in the CDI and CDN
groups. Interestingly, few differences in microbial diversity, species richness, and community membership (with the exception of
C. difficile reads) between the CDI and CDN groups were observed. The gut microbiota was disordered in nosocomial diarrhea, with low microbial diversity and a paucity of Firmicutes organisms, regardless of C. difficile status. The nonspecificity of
dysbiosis in CDI and CDN may be due to the high rates of prior
antibiotic exposure (CDI, 87.2%; CDN, 58.3%; HC, 22.5%) and
suggests that the gut microbiota of the CDN group may be susceptible to C. difficile infection. This lack of difference between
CDI and CDN also suggests that C. difficile acquisition or infection
alone had little effect on the global composition or structure of the
gut microbiota. Consistent with this hypothesis, a recent study
showed no significant differences in the composition of the gut
microbiota in elderly subjects with asymptomatic C. difficile carriage (i.e., culture-positive subjects), compared with culture-negative subjects (19).
In a cross-sectional study of 10 subjects using 16S clonal sequencing analysis, Chang et al. (17) reported lower overall microbial diversity in recurrent C. difficile disease, compared to initial
infections. Although our study showed a trend toward lower species richness, no significant difference in microbial diversity in
recurrent disease was found (see Fig. S3 in the supplemental material). We also observed no correlation between disease severity
and ecological metrics of the gut microbiota (see Fig. S1 in the
supplemental material). While it is generally believed that C. difficile infection requires prior disruption of the normal gut flora,
after infection is initiated disease severity may be modulated by
host and bacterial factors such as inflammatory responses, antibody levels, and/or expression of virulent toxins. In patients with
more-severe disease, normal commensal bacteria may be lost as a
result of intense host inflammatory responses; therefore, the
overall gut microbiota does not predict or correlate with disease severity.
The present study identified several specific members of the
Ruminococcaceae and Lachnospiraceae families that were markedly
depleted in CDI and nosocomial diarrhea. A great majority of
these species are bacterial phylotypes with the greatest similarity to
butyrate-producing anaerobic bacteria. Butyric acid has well documented anti-inflammatory effects and is the preferred energy
source for ATP synthesis in colonocytes. Many short-chain fatty
acids (SCFAs), such as butyric acid, are known to decrease the
permeability of the intestinal epithelial lining by increasing the
expression of tight junction proteins. In addition, it has been proposed that butyric acid can reinforce colonic defense barriers by
increasing antimicrobial peptide levels and mucin production
(36, 37). Thus, for nosocomial diarrhea, depletion of butyrateproducing organisms may result in epithelial dysfunction and increased osmotic load within the intestinal lumen, leading to diarrhea. For C. difficile infection, disruption of the gut microbiota
and depletion of beneficial butyrogenic bacteria in the gut may
lead to increased susceptibility to infection by compromising the
host defenses against C. difficile. If so, then replenishing butyrogenic bacteria to allow in situ production of butyric acid or other
inhibitory compounds in the gut lumen may offer a novel therapeutic strategy for the treatment of C. difficile infection or nosocomial diarrhea.
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Although we could not exclude the possibility of misclassification
in the CDN group based on these data, the aggregate gut microbiota was not significantly altered when the seven CDN samples
with weak C. difficile toxin B signals were excluded from our analysis (see Fig. S9 in the supplemental material).
Third, our findings of depletion of butyrate producers relied
on predictions about short-chain fatty acid production for the
inferred phylotypes (refOTUs). Our genomic analysis was based
on ⬃500-bp 16S partial rRNA gene sequences, which may have
misclassified certain bacteria at the species or strain level. In addition, there are variations in SCFA production among different
bacterial species within a given genus, and data on SCFA production are lacking for many of the gut-associated organisms identified in our study. Given these uncertainties, we have focused our
classification at the genus level, which has been described in more
detail in the literature. Levels of fecal SCFAs and butyrate could be
directly measured in future studies, to confirm our findings.
In summary, the present study identified Lachnospiraceae, Ruminococcaceae, and butyrate-producing anaerobic bacteria as significantly depleted in C. difficile infection and nosocomial diarrhea. Recent advances in high-throughput anaerobic culture
techniques (42) should facilitate culturing of representative microbes identified here in the human fecal microbiota for further
mechanistic and functional studies in animal models, thereby creating a discovery pipeline for much-needed microbiota-targeted
probiotic therapy and the development of novel prognostic and
diagnostic strategies for the treatment of nosocomial diarrhea and
CDI.
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